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’ INTRODUCTION

It is appreciated that the hydrophobic effect is one of the
dominant forces in protein folding.1�4 However, the lack of
experimental data regarding the location and dynamics of
disordered water interacting with proteins, especially in non-
native states, has limited a quantitative assessment of the hydro-
phobic contributions to folding. Many proteins are known to fold
via a rapid chain collapse, followed by a slower search for the
native state.5,6 The initial collapsed state is often identifiable as a
discrete kinetic intermediate and typically fits the description of a
molten globule (MG), i.e., it is compact and highly dynamic and
lacks a significant fraction of the native tertiary structure.7,8

However, whether MG folding intermediates bear a hydrated
or dry nonpolar core, and whether any core-associated water is
dynamic or spatially confined, are still subjects of debate.3,9�14

Experimental evidence on the nature of water interacting with
the protein core is sorely needed given the fundamental relevance
of this problem to the molecular nature of the hydrophobic effect
and the role of solvent-mediated internal friction.15,16 More gen-
erally, hydration water—water whose dynamics is perturbed by the
protein surface, typically extending up to three water layers—is

increasingly recognized to play a direct role in protein
dynamics,17�20 thus regulating protein function, activity and
binding events, in addition to folding.21,22 There is much debate
on the time scale, nature, and role of this water,11,20,23�27 yet
experimental reports lag behind theoretical findings or predic-
tions.3,18,19,28�30 To shed light on these questions, new techni-
ques and experimental studies are needed.

The detection of hydration water poses significant challenges
since its spectroscopic signature is largely indistinguishable from
the orders of magnitude more populated bulk water. Addition-
ally, the landscape of protein hydration dynamics is heteroge-
neous on the temporal as well as spatial scale,18,24�26,29,31,32

requiring tools that can access hydration dynamics within well-
defined time scales of interest and with site-specific resolution.
Despite the availability of a number of powerful techniques
to study the dynamics of macromolecular hydration, including
the nuclear Overhauser effect (NOE),33 17O, 2H, and 1H nuc-
lear magnetic resonance (NMR) relaxation dispersion,9,34�37
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ABSTRACT: Water�protein interactions play a direct role in protein folding. The
chain collapse that accompanies protein folding involves extrusion of water from the
nonpolar core. For many proteins, including apomyoglobin (apoMb), hydrophobic
interactions drive an initial collapse to an intermediate state before folding to the final
structure. However, the debate continues as to whether the core of the collapsed
intermediate state is hydrated and, if so, what the dynamic nature of this water is. A key
challenge is that protein hydration dynamics is significantly heterogeneous, yet
suitable experimental techniques for measuring hydration dynamics with site-
specificity are lacking. Here, we introduce Overhauser dynamic nuclear polarization
at 0.35 T via site-specific nitroxide spin labels as a unique tool to probe internal and
surface protein hydration dynamics with site-specific resolution in the molten globular, native, and unfolded protein states. The 1H
NMR signal enhancement of water carries information about the local dynamics of the solvent within∼10 Å of a spin label. EPR is
used synergistically to gain insights on local polarity and mobility of the spin-labeled protein. Several buried and solvent-exposed
sites of apoMb are examined, each bearing a covalently bound nitroxide spin label. We find that the nonpoloar core of the apoMb
molten globule is hydrated with water bearing significant translational dynamics, only 4�6-fold slower than that of bulk water. The
hydration dynamics of the native state is heterogeneous, while the acid-unfolded state bears fast-diffusing hydration water. This
study provides a high-resolution glimpse at the folding-dependent nature of protein hydration dynamics.
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neutron scattering techniques,20,22,24,32,38�40 terahertz absorp-
tion spectroscopy,41,42 and microwave dielectric spectroscopy,11

only femtosecond fluorescence spectroscopy25,26,43,44 on trypto-
phan and NOE spectroscopic studies on a protein confined
inside a reverse micelle45 have been reported to map out protein
hydration dynamics with site-specificity.

This study introduces a novel experimental approach using
Overhauser dynamic nuclear polarization (DNP) at 0.35 T to
probe the dynamics of hydration water interacting with sperm
whale apomyoglobin (apoMb) with site-specific resolution in the
molten globule (MG, pH 4), native (N, pH 6.1), and acid-
unfolded (U, pH 2.3) states. The Overhauser DNP approach
overcomes the above-mentioned challenges by selectively am-
plifying the 1H NMR signal of water within ∼10 Å of protein
residues labeled with nitroxide spin labels.46 The size of the signal
enhancement is sensitive to the timescale modulating the dipolar
coupling between the unpaired electron spin and 1H nuclear spin
of water.47,48 Key advantages of this technique over other
methods are the unambiguous assignment of the enhanced
NMR signal to hydration water, high sensitivity that enables
the study of dilute protein solutions (∼100 μM and μL
volumes), and the ability to probe core, interfacial, or surface
protein sites of interest. Given that the same nitroxide spin label
is employed for DNP and electron paramagnetic resonance
(EPR), these techniques are used synergistically here, with
DNP reporting on hydration dynamics and EPR on protein
flexibility and local polarity.

ApoMb offers a unique chance to study the role of hydration
water in partially folded species as it populates a stable equilib-
riumMG intermediate at pH∼4.1. This species shares a number
of key structural features with the apoMb kinetic folding inter-
mediate populated at pH 6, including the MG character.9,49�52

Several studies have addressed the hydration dynamics of
apoMb,9,11,25,26,53 but only two with site-specific resolution25,26

and none focused on the buried protein core. Figure 1 illustrates
the backbone structure of sperm whale Mb derived from X-ray
cyrstallography54 and the sites chosen for site-directed spin
labeling (SDSL) with the nitroxide spin label R1 (inset
Figure 1) through a cysteine point mutation.55 The three sites
buried from the solvent, M131, F138, and I142, belong to the
H-helix and participate in the ABGH structural core populated in
both the kinetic and equilibrium folding intermediates.49,56,57 In

addition, M131 is among the most protected sites from hydro-
gen/deuterium exchange58,59 in the N state and is known to be
involved in nonspecific nonpolar interactions in the equilibrium
MG.60 Two surface sites, E41 (C-helix) and V66 (E-helix), were
chosen as probes of the protein exterior.

Our study finds that the hydration dynamics of native apoMb
is very heterogeneous, with the solvent-exposed sites displaying
fast water dynamics and the interior sites behaving as a dry core.
In contrast, the equilibrium MG has a wet core lubricated with
hydration water whose dynamics is intermediate between that of
the native and acid-unfolded states.

’MATERIALS AND METHODS

Protein Expression, Purification, and Characterization. A
modified pET-17b vector (Novagen,Madison,WI) carrying the gene for
wild-type spermwhale myoglobin was a generous gift from Steven Boxer
(Stanford University, CA). Five mutagenic plasmid DNAs, each carrying
one of the apoMb cysteine point mutations E41C, V66C, M131C,
F138C, and I142C, were generated via theQuickChange kit (Stratagene,
La Jolla, CA), as previously described.55 Each plasmid was transformed
into E. coli BL21 DE3 cells (Novagen). In vivo protein expression was
carried out in LB medium at 37 and 42 �C. ApoMb overexpression was
induced upon addition of isopropyl-β-D-thiogalactopyranoside (1 mM)
at OD600 = 0.8. Cells were harvested at OD600≈ 1.8. Cell lysis, inclusion
body resuspension, andHPLC purification were performed according to
published procedures.61,62 Protein purity and identity were assessed by
reverse-phase analytical HPLC and either electrospray ionization or
MALDI mass spectrometry.
Generation of Nitroxide-Labeled ApoMb. Lyophilized

apoMb was solubilized in 6 M urea and 10 mM sodium acetate at pH
6.1 for 30 min at 4 �C. For mutants carrying surface Cys (E41C and
V66C), the solubilized protein was diluted 7-fold in 10 mM sodium
acetate at pH 6.1. A 10-fold molar excess of 1-oxyl-2,2,5,5-tetramethyl-
Δ3-pyrroline-3-methyl methanethiosulfonate (MTSL; Toronto Re-
search Chemicals, North York, Ontario, Canada) was added under
gentle stirring at 4 �C. For mutants carrying buried Cys (M131C,
F138C, and I142C), the solubilized protein was diluted 2.1-fold with
10 mM sodium acetate at pH 6.1 to a final 2.8 M urea concentration
before rapid addition of a 10-fold molar excess ofMTSL under stirring at
4 �C. Both reactions were allowed to proceed for 18 h at 4 �C. The
reaction mixture for the mutants carrying the buried Cys was diluted 3.3-
fold with 10 mM sodium acetate at pH 6.1 and incubated for 30 min at
4 �C under gentle stirring, to promote refolding. After the above
treatment, each protein solution was dialyzed extensively against
10 mM sodium acetate at pH 6.1 at 4 �C to eliminate urea and excess
MTSL. Spin-labeled protein solutions were concentrated with an
Amicon Ultra device (3000 MWCO; Millipore, Billerica, MA) and
flash-frozen in separate aliquots. Protein concentrations were assessed
by absorption spectroscopy (ε280 = 15 200 cm�1 M�1). Labeling
efficiencies were assessed by reverse-phase analytical HPLC on a C18

column (Grace, Deerfield, IL). Labeling efficiencies for the DNP and
CD samples were as follows: E41R1 and V66R1 >95%; M131R1,
F138R1, and I142R1 61�90%. Successful apoMb spin labeling was
confirmed by electrospray ionization or MALDI mass spectrometry and
electron spin resonance.
Far-UV Circular Dichroism (CD). Far-UV CD experiments were

carried out at equilibrium on 10�15 μM protein samples. Data were
collected with a MOS-450 spectropolarimeter (Bio-Logic Science
Instruments, Claix, France). Quartz cuvettes with 1 and 10 mm path
length (Hellma, M€ullheim, Germany) were used for spectral scans and
titrations at fixed wavelength, respectively. CD scans were performed at
room temperature in 1 nm steps, with 20 s signal averaging per step.
Mean residue ellipticity (MRE; deg cm2 dmol�1) was determined

Figure 1. Structure of sperm whale myoglobin (PDB 2mbw;54 the
heme prosthetic group is omitted for clarity). The eight R-helices are
labeled, and the five sites analyzed in this work are highlighted. The inset
shows the R1 spin label generated via reaction of amethanethiosulfonate
reagent with a cysteine side-chain thiol. Image created with PyMOL
(version 0.99; DeLano Scientific, San Carlos, CA).
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according to the relation MRE = θ/(10CNAl), where θ denotes the
experimental ellipticity (in mdeg), C is the molar concentration of the
protein, NA is the number of amino acids (153 for apoMb), and l is the
cuvette path length (in cm). To verify the formation of N, U, and the pH
4.1 intermediate, all nitroxide-labeled samples were subject to equilib-
rium pH titrations, monitored by far-UV CD at 222 nm. The far-UV CD
titrations were carried out at room temperature, and data were signal-
averaged for 20 s. A concentrated protein stock solution (ca. 300 μM in
10mM sodium acetate, pH 6.1) was diluted into 1mM sodium acetate at
pH 6.1 to generate ca. 20 μMprotein solutions. The pH of these starting
solutions was progressively lowered upon addition of either 0.1 or 1 M
acetic acid (to pH ca. 3) or concentrated HCl (to pH < 3). Samples were
allowed to equilibrate at the desired pH for g10 min prior to data
acquisition, and data were collected in sequence on the same sample.
Independent duplicate pH titrations were performed on each apoMb
variant.
DNP and EPR Measurements. Prior to DNP experiments,

samples at the desired pH were eluted through a 2 mL Sephadex
G-25 (fine grade, SIGMA) spin column to remove any heavily
aggregated species.51 The column was equilibrated by repeated washes
with buffer adjusted to the desired pH. Protein concentrations were
assessed by electronic absorption (280 nm) after spin column treatment.
Typical concentrations were ∼200 μM. DNP experiments were per-
formed at 0.35 T in a Bruker TE102 rectangular cavity using a home-built
NMR probe and a Bruker Avance 300 NMR spectrometer. Experiments
were performed at room temperature while air was continuously flowed
through the cavity to minimize sample heating. About 3 μL of sample
was loaded into a 0.64 mm i.d. quartz capillary to minimize the electric
field at the sample. Further details of our DNP hardware63 and data
analysis48,64 have been previously described.

EPR spectra were recorded at 22 �C in a Bruker ELEXSYS 580 with a
high-sensitivity resonator using an incidentmicrowave power of 20mWand
modulation amplitude of 1G. Samples of at least 6μLwere loaded in sealed
capillary tubes (0.6 mm i.d.� 0.84 mm o.d.; VitroCom, Inc., NJ). Spectra
were recorded at X-band frequency with a scan width of 100 G in 25% (w/
w) Ficoll 70 to increase the solution viscosity, thereby minimizing the
contribution of protein rotational diffusion to the EPR spectral lineshapes.
At this concentration, Ficoll has no effect on the internal motion of the R1
spin-labeled side chains.55 The final protein concentration of the EPR
samples was∼200�400 μM. To obtain hyperfine splittings (2Azz0) in the
absence of motion, EPR spectra were also recorded at �50 �C using an
incident microwave power of 0.2 mW and modulation amplitude of 2 G.
The hyperfine splittings were determined by individually fitting of the low-
and high-field resonances to a mixture of Lorentzian and Gaussian line
shapes using the Xepr program (Bruker, Germany) and by measuring the
magnetic field separation between the low- and high-field resonances to
obtain 2Azz0. EPR simulations of room-temperature data are described in
the Supporting Information.
Overhauser DNP Theory. We provide a brief discussion of the

relevant theory, as detailed reports can be found elsewhere.47,48,64,65

Overhauser DNP is a motion-mediated transfer of electron spin
polarization to nuclear spin polarization via dipolar or scalar coupling.
Upon steady-state irradiation at the electron spin resonance frequency,
the 1H NMR water signal enhancement, E, is given by47

E ¼ 1� FfsjγSj=γI ð1Þ
where F is the coupling factor, f is the leakage factor, s is the saturation
factor describing the extent to which the electron spin population has
been driven from equilibrium by microwave irradiation, and γS and γI
are electron and proton gyromagnetic ratios (γS/γI ≈ 660 for an
unpaired electron spin and the 1H nucleus). Both F and f depend on
the rates of nuclear spin transitions caused by the dipolar coupling to the
electron spins and are functions of magnetic field and the time scale
modulating the dipolar coupling between the two spins. The leakage

factor is determined from 1HT1 relaxationmeasurements: f = 1� T1/T10,
where T1 (T10) is the

1H spin relaxation time with (without) the spin
label present.66 The leakage factor is close to 1 if most 1H relaxation
occurs via coupling to the unpaired electron. The saturation factor
depends on the microwave power and the amount of hyperfine mixing
caused by the coupling to the 14N nuclei.64 For the tumbling times of
spin-labeled apoMb, we can approximate s at infinite microwave power
to be close to 1.64 By measuring E as a function of applied microwave
power and extrapolating to infinite power, we determine Emax for s = 1
and can solve eq 1 for F. Determining the time scale of the interaction
from F depends on the model employed to describe the diffusion of the
two spins. Unlike in NOE, the electron�nucleus dipolar interaction
responsible for DNP is bimolecular, and the 1H-electron coupling is
predominantly modulated by translational diffusion. The force-free,
hard-sphere (FFHS) translational diffusion model67,68 has previously
been shown to fit NMR dispersion data reasonably well for water
interacting with nitroxide radicals in solution,48,69 water attached to spin-
labeled vesicles,34 and the solvent-exposed sites of a spin-labeled
protein.70 This model is attractive as F depends only on the magnetic
field and the translational correlation time, τ (assuming the electron spin
relaxation times are long compared to τ), through the spectral density
function, j(ω,τ):

F ¼ 6jðωS �ωI, τÞ � jðωS þωI, τÞ
6jðωS �ωI, τÞ þ 3jðωI, τÞ þ jðωS þωI, τÞ ð2Þ

jðω, τÞ

¼ 1þ
5
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where

τ ¼ d2=ðDI þ DSÞ; ð4Þ
ωS andωI are the electron spin and

1H nuclear spin Larmor frequencies,
d is the distance of closest approach between the two spins, and DI and
Ds are the translational diffusion coefficients of the

1H of water and the
electron spin, respectively. Using eqs 1�4 the translational correlation
time of water can be determined fromDNPmeasurements. Recent work
has applied more sophisticated techniques to model the coupling and
saturation factors.71�73 Regardless of the dynamic model used, however,
F decreases as the timescales modulating the electron�1H nucleus
dipolar coupling increase, allowing qualitative conclusions to be drawn
by comparing F values, making DNP a general method for gaining
information on hydration dynamics. Although the 1H NMR signal of
bulk water is measured, the signal enhancement is heavily weighted
toward water within 10 Å of the electron spin due to the strong distance
dependence of the dipolar coupling and to the large gyromagentic ratio
of the electron spin that makes it the dominant relaxation source.46 The
DNP approach has the further advantage of being able to measure a
leakage factor to account for 1H spin relaxation not due to the electron
spin. This is in contrast with the intermolecular 1H NOE experiment,
where long-range dipolar couplings cannot be neglected.46

’RESULTS AND DISCUSSION

Effect of Spin Label on ApoMb Structure. Introduction of
the R1 spin label at the five sites of apoMb studied here does not
have a significant effect on the secondary structure of the native
protein, except for a small decrease in helicity observed for
F138R1, as shown by the far-UV CD data in Figure 2. Addition-
ally, R1 at buried sites did not cause local unfolding, as evidenced
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by the immobilization of the nitroxide, characteristic of R1 in
folded structures74 (see EPR results discussed below). At the
tertiary fold level, small-to-large substitutions in the core of the
protein, such as the ones made here, may overpack the core and
potentially introduce unfavorable steric contacts, unfavorable
interactions, and torsional strain.75 Earlier studies75,76 showed
that the extent of such destabilizing effects depends on the native
packing and the internal flexibility of the residue introduced. For
example, high-resolution structures of several proteins bearing a
small-to-large substitution in the interior, including introduction
of an R1 spin label,74 revealed that the larger side chain can be
accommodated by a small shift in the backbone atoms and
adjustments of side-chain rotamers without major structural
rearrangements.75,77,78 In fact, substitution of the native residue
F138 with a tryptophan in myoglobin had little effect on the
tertiary fold of the holo-protein (rmsd = 0.19 Å).79 Thus, it is
likely that introduction of the R1 side chain at apoMb buried sites
does not have a substantial effect on the three-dimensional
structure of the protein, though small rearrangements of side
chains and small shifts of the backbonemay be present. In flexible
structures such as U or MG states of apoMb, the R1 residue
should be accommodated with little energy cost.
The pH titrations shown in Figure 3 reveal that all species

populate an equilibrium folding intermediate and that the pH
dependence of apoMb equilibrium unfolding is largely preserved
in the mutants. Further, previous molecular dynamics simula-
tions with freely dissolved nitroxide radicals80 and bulk water
diffusion measurements from DNP with nitroxide radicals81

showed that the hydration dynamics determined from DNP is
unaffected by the presence of the spin label.
The Nonpolar Core of Native ApoMb. 1H DNP and T1

measurements of water were used to determine the DNP leakage
and coupling factors and to estimate the timescale of diffusion
dynamics, τ, of hydration water that is interacting with the
nitroxide spin probe (eqs 1�4). The results are shown in Figure 4
and Table 1. Clear differences in F (Table 1), and thus τ, are
observed between the interior and exterior sites, as well as
between the unfolded, equilibrium molten globule, and native
states, particularly at interior sites. In the N state, all sites in the
nonpolar core display much slower water dynamics than the
solvent-exposed sites. Among the interior sites, M131R1 displays
the slowest water dynamics (i.e., large τ), followed by F138R1

and I142R1. Large τ values are due to a large distance of closest
approach, d, between the radical’s electron spin and 1H nuclear
spin of water and/or a small translational diffusion coefficient of
water near the radical, DI (eq 4). In either case, given that a
decrease in F correlates with slower solvent dynamics with
respect to the spin label regardless of the model chosen to
describe the dynamics of the system,47 it is clear that the
interactions of water with the nonpolar core occur on a much
slower time scale than those with the solvent-exposed sites.
Leakage factors are also shown in Table 1 and provide

important additional insights. A large τ accompanied by a small
f is compatible with the presence of distant water (large d), while
a large τ accompanied by a high f for samples with comparable
spin label concentration is consistent with slower diffusion of
nearby water (small DI). These are general trends regardless
of the dynamicmodel used; however, alternative interpretations are
possible. Here, EPR analysis is crucial to narrow the interpretation

Figure 3. Equilibrium pH titrations of (a) V66R1 (O) and E41R1 (b)
and (b) M131R1 (b), F138R1 (1), and I142R1 (]) apoMb variants
followed by far-UV CD at 222 nm at room temperature. To guide the
eye, the experimental data were fit to a model based on a linear
combination of Henderson�Hasselbalch equations where we assumed,
for simplicity, that each of the two main phase transitions results from
the collective protonation/deprotonation of the pertinent residues with
ionizable side chains.

Figure 4. τ for the N (pH 6.1), MG (pH 4.1), and U states (pH 2.2) for
the different mutants. The FFHS model was used to estimate τ from F.
The standard deviation of independent measurements of F was used to
estimate the error bars. Note that the inset has a different vertical scale.
Lines are to help guide the eye.

Figure 2. Far-UV circular dichroism spectra of wild-type (b) and
nitroxide-labeled (1, ], 2, O, 4) apoMb variants collected at room
temperature. The spectra are averages of three independent
experiments.
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and further validate the DNP results as discussed below. The value
of f for F138R1 in the N state is smaller than that observed for the
other interior sites; hence, we interpret the large τ for this residue as
due to remote water on the protein surface and not slowly diffusing
water proximal to the spin label. This conclusion is supported by
the EPR results discussed below. Residues M131R1 and I142R1
have both large f and τ, suggesting the presence of dynamic water
closer to the spin label compared to F138R1. However, EPR
analysis was necessary to conclusively assess the origin of the large τ
for these two residues.

TheN state EPR spectra ofM131R1 and F138R1 reporting on
the dynamics of the R1 side chain are shown in Figure 5. The
spectral line shapes are characteristic of a nitroxide with restricted
motion and tight packing around the side chain. EPR data on
frozen samples (�50 �C) were also collected to determine the
effective hyperfine splitting, Azz

0, as this parameter is sensitive to
local polarity82�84 (Table 1; Figure S1). For example, a free
nitroxide spin label has Azz

0 values of 36.88 G in water and 33.78
G in toluene.84 TheAzz0 values for residuesM131R1 and F138R1
in the N state are close to the value for a free nitroxide in toluene,
clearly implying a nonpolar environment around the spin label.
These EPR results point to the existence of a “dry” hydrophobic
core in the N state, suggesting that the small but measurable DNP
effect arises fromwater located remote from the spin-labeled core (i.
e., larger d compared to surface sites). Given this conclusion, the
significantly larger f for M131R1 compared to F138R1 suggests the
interesting possibility of dynamically restricted bound water closer
to M131R1 than F138R1, since distances to rapidly diffusing
surface water cannot explain the large observed difference in f.
A few bound water molecules (surface or internal) rotating with

Figure 5. EPR spectra of R1 at the buried sites. Regions shaded in blue
and red identify relatively immobile (i) and mobile (m) states, respec-
tively. The m population of M131R1 and F138R1 in the N state is∼5%
(Table S1) and likely arises from a small amount of free spin label or
unfolded protein. This amount is negligible for DNP so we only consider
the i component in the discussion of the N state. In the MG states of
M131R1 and F138R1, the m component is ∼40% and contributes
significantly to the DNP experiments. For I142R1, both i and m
components are important in the N and MG states.

Figure 6. Ribbon diagram of myoglobin showing the position of the native
isoleucine 142 in the holo-protein (PDB2mbw). The heme prosthetic group
wasomitted for clarity.The region corresponding to theF-helix is highlighted.

Table 1. Summary of DNP and EPR Parametersa

sample f F � 10�2 τ (ps) Emax Azz
0 (G) %i %m

M131R1-N 0.78 0.24 ( 0.2 1950( 1000 þ0.2( 1 34.90 95 5

F138R1-N 0.16 0.9( 0.1 908( 70 �0.1( 0.1 34.38 95 5

I142R1-N 0.36 1.6( 0.1 642( 25 �2.9( 0.1 35.40 61 39

E41R1-N 0.22 8.9( 1 197( 20 �12( 2 36.40 58 42

V66R1-N 0.12 5.2( 1 298( 50 �3.2( 0.9 36.22 100

M131R1-MG 0.383 2.7 ( 0.9 460( 100 �6.0( 2 35.10 60 40

F138R1-MG 0.13 4.1( 0.3 351( 15 �2.5( 0.2 35.38 59 41

I142R1-MG 0.27 4.3( 0.7 340( 22 �6.8( 1 35.40 60 40

E41R1-MG 0.34 4.9( 0.9 309( 40 �8.7( 0.6 35.74 57 43

V66R1-MG 0.16 5.2( 0.4 298( 20 �4.4( 0.4 36.13 72 28

M131R1-U 0.24 8.1( 2 213( 50 �12( 3

F138R1-U 0.11 10.1( 0.7 178( 12 �6.1( 0.5

I142R1-U 0.21 9( 2 196( 30 �11 ( 2

E41R1-U 0.18 8.3( 0.7 209( 15 �8.4( 0.5

V66R1-U 0.12 10.7( 0.6 169( 12 �7.7( 0.4
a Sample concentrations are∼200 μM. Emax is the extrapolated DNP signal at infinite microwave power (Materials andMethods). Error in f is∼3�5%.
The percentages of immobile (%i) and mobile (%m) components in the EPR spectra were obtained from spectral simulations. Additional parameters
obtained from simulations are provided in Table S1.
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the global protein motion can contribute significantly to electron
spin-mediated 1H nuclear spin relaxation rates.37,85 This extra
relaxation competes with the DNP effect, lowering F and
increasing f. As this effect falls off as 1/r6, bound water molecules
closer to M131R1 would explain the much larger f than F138R1,
consistent with our results that both sites are still “dry”.
Among the buried sites in the N state, I142R1 has the smallest

τ and largest Azz0 values and displays a multicomponent EPR
spectrum (Table 1; Figure 5). As shown in Figure 6, I142 is
packed against the F-helix in the holo-protein. Both NMR and
EPR studies have shown that the F helix in the N state undergoes
conformational exchange resulting from removal of the heme in
the apo-protein.55,57,86 Thus, it is likely that the two-component
EPR spectrum arises from changes in packing and solvent
exposure around I142R1 due to the conformationally fluctuating
F helix. Taken together with the DNP data, this observation
implies that I142R1 is partially exposed to hydration water
possessing a slow apparent diffusion coefficient.
In summary, the small F, f, and Azz0 values of F138R1 imply

that this residue is “dry” in the native state, with the small DNP
effect arising from water on the protein surface. M131R1 also
displays a small F and Azz0, implying that this residue is “dry” as
well. The large leakage factor arises from significant 1H relaxation
by the unpaired electron, which we suggest is due to nearby
bound water. In contrast, I142R1 displays F, f, and Azz0
values consistent with the presence of slowly diffusing water
interacting directly with this residue. Therefore, I142R1 is partially
hydrated in the native state of the protein, consistent with the less
structured environment of this residue in the apo form of the
protein.
The MG Core. As shown in Figure 4 and Table 1, the core of

the MG state interacts with water and displays significantly faster
translational dynamics than the N state, with τ ≈ 350�450 ps.
This is only a 2-fold retardation compared to the hydration
dynamics around the same residues in the U state. The decrease
in τ for these sites is accompanied by a decrease in f in the MG
relative to the N state (except for F138R1, where f remains
relatively constant), implying that the observed DNP effects
result from faster diffusing local water compared to the core of
the N state. This result suggests that the core of the MG state
interacts directly with dynamic water, unlike the core of the
N state.
The EPR spectra of all mutants studied here in the MG state

display two spectral components that could arise from either
different rotamers of R1 or distinct protein conformations.55

Given that high-resolution NMR studies of the MG state show
conformational exchange extended over several regions of the
protein, the latter possibility is likely.50,57 The EPR data further
show that the M131R1 and F138R1 side chains are more mobile
in the MG compared to the N state, suggesting reduced side-
chain packing in the MG core. The higher Azz

0 value for F138R1
also indicates that this side chain experiences a more polar
environment in the MG than in the N state, consistent with
the DNP results, which imply the presence of dynamic water in
the MG core. In contrast, the MG-state EPR spectrum of I142R1
reflects an overall reduction in mobility of the side chain relative
to the N state, as seen by the decrease in the intensity of the more
mobile component in Figure 5 and by spectral simulations
(Figure S2; Table S1). However, the DNP τ and f values are
still significantly smaller in the MG state, implying faster water
dynamics near I142R1 in the MG compared to the N state. This
result shows that trends of water dynamics around the R1 side

chain are not always correlated with side-chain mobility. Last, it is
important to note that the estimated τ of 350�450 ps represents
a weighted average between the exchanging conformations
sampled by the MG. From both the DNP and EPR results, we
conclude that the core of the apoMb MG is hydrated with
dynamic water. This finding does not necessarily imply that there
is much water in the MG core. In fact, the relatively low Azz

0
values (e.g., compared to the exterior sites, see Table 1) suggest
that there may be only a few, yet dynamic, water molecules
interacting with the core of the MG.
The N and MG Solvent-Exposed Surface. The large differ-

ences in τ observed between the buried and solvent-exposed sites
(E41R1 and V66R1) in the folded state confirm that water is able
to more freely diffuse at the protein surface. At the same time, the
observation of heterogeneous surface hydration dynamics, espe-
cially in the N state, emphasizes the importance of employing
site-specific probes, as charge, polarity, local structural, and
chemical topology may all contribute to distinct variations in
local water dynamics.24,31,32 The τ values of 190 and 300 ps for
E41R1 and V66R1, respectively, are about 2�4 times slower than
the measured τ value of bulk water,48,87 in agreement with
previous results that surface hydration water is slowed by a factor
of 2�5 compared to bulk water.20,32,37,81 The EPR spectra for
both surface sites reflect higher mobility of the nitroxide side
chain compared to the buried sites, as expected (Figure 7).
E41R1 in the N state displays a two-component EPR spectrum,
with a relatively immobile component and a mobile component
that has a line shape consistent with weakly ordered anisotropic
motion characteristic of R1 at helix surface sites.88,89 Spectral
simulations confirm this qualitative description and provide
quantitative values for rates and order of motion (Figure S2;
Table S1).
In the MG state, E41R1 also displays two EPR spectral

components distinct from those of the N state. In particular, a
more strongly immobilized component appears, while the more
mobile component has lower order (Figure 7; Figure S3; Table
S1). The Azz

0 value of E41R1 is also lower than in N, suggesting
that this site has reduced polarity in the MG. A dramatic increase
in τ and f is also observed for E41R1 in theMG state compared to
the N state. From the DNP and EPR results, we propose that the
MG samples non-native conformations in which E41R1 is
partially buried. This finding is interesting because non-native
conformations of intermediates were suggested to be important

Figure 7. EPR spectra of E41R1 and V66R1 in the N and MG states.
i and m identify components corresponding to relatively immobile and
mobile states of R1. Note that V66R1 in the N state displays only one
component (see text).
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in protein folding.90,91 A previous study by time-resolved Trp
fluorescence also mapped out hydration dynamics around E41,
but found faster hydration dynamics in the MG compared to the
N state for this residue.26 This study, however, also found that the
hydration dynamics of E41 was similar to that of more buried
sites in the N state—a trend not observed by DNP nor generally
expected. As mentioned for the MG interior sites, the DNP
results report on hydration dynamics averaged over exchanging
conformations. It is possible that tryptophan fluorescence spec-
troscopy is not equally sensitive to conformations with distinctly
different exposure to water, which may explain the conflicting
observations.
The EPR spectrum of V66R1 in the N state reflects a single

dynamic component with ordered anisotropic motion88

(Figure 7; Figure S3; Table S1). In the MG, the EPR spectrum
is quite different from the N state and displays two components,
likely caused by conformational exchange in the E helix as
previously reported.57 However, the DNP results show similarly
high hydration dynamics between the MG and N states, and the
local polarity measured through the Azz

0 values for V66R1 are
similarly high for both the N and MG states. Although the EPR
spectrum of V66R1 reveals differences between the local protein
motions of N and MG, the DNP results suggest similarly high
hydration dynamics for this site in both states.
The Acid Unfolded State. In the U state, all residues display

significant solvent exposure, with τ between 169 and 219 ps. The
dispersion in τ is much smaller than observed in the MG and N
states, though small differences remain (Figure 4; Table 1). The
dramatic decrease in the dispersion of τ points to the presence of
a highly dynamic and largely unstructured U state, consistent
with prior findings.57,92 This result suggests that the local
topology, charge, hydrophobicity, and polarity upon forma-
tion of the native tertiary structure are stronger determinants
of local hydration dynamics than the primary structure alone.

’CONCLUSIONS

Using dynamic nuclear polarization and electron paramag-
netic resonance of site-specifically spin-labeled proteins, we were
able to probe the diffusion dynamics of hydration water inter-
acting with the surface and interior sites of apoMb. In the native
state, all residues studied here have distinctly different hydration
dynamics. Specifically, the surface sites (E41R1 and V66R1)
display a relatively fast hydration dynamics that is only 2�4 times
slower than that of bulk water. In contrast, the DNP and EPR
data of M131R1 and F138 confirm the existence of a “dry”
interior in the native state. UnlikeM131R1 and F138R1, the core
residue I142R1 interacts directly with dynamic water, likely due
to the disordered F-helix of the apo-protein, but on a slower
timescale than the solvent-exposed sites.

The equilibrium molten globule is characterized by a much
smaller dispersion in τ. The nonpolar core still displays slower
water dynamics than the solvent-exposed sites, consistent with
the idea that the MG adopts some of the native-state features.
From the DNP and EPR data, we conclude that all the MG core
sites studied here directly interact with dynamic water and are
therefore “wet”.
The U state displays the fastest water dynamics and is

characterized by fairly uniform behavior across all sites investi-
gated. The large progressive dispersion in τ, as U turns into MG
and then into N, implies that the local protein topology
significantly impacts the hydration dynamics landscape.

The role of hydration dynamics in protein folding and other
biomolecular processes involving conformational transitions is of
active interest. This work shows that the hydration dynamics of
apoMb is site-specific and folding-state-dependent. Our DNP
results indicate that the investigated core sites of theMG are wet,
with hydration dynamics significantly slower than in the U state.
Surprisingly, the exterior site E41R1 is hydrated by less dynamic
water in the MG than in the N state, suggesting the presence of
non-native contacts and highly dynamic side chains in the MG.
Consistent with the above observations, the EPR data in the MG
showed reduced packing around the core residues and increased
conformational heterogeneity for all sites compared to the N
state. Thus, the emerging scenario is a conformationally flexible
equilibrium MG with a “loose” wet core actively sampling non-
native conformations that enable surface residues to become
transiently buried. In general, the presence of slowly diffusing
hydration water in the MG core may prove to be particularly
important in nature. This water may play key roles in protein
folding, including, as has been proposed, lubricating or facilitat-
ing the conformational sampling necessary to consolidate the
loosely packed core side chains into a highly compact (and
virtually water-free) N state.12

The dramatically different hydration dynamics observed for
the different states of apoMb demonstrates that the water within
about 10 Å of a protein has distinctly variable properties that are
exquisitely sensitive to protein conformation. The dynamics of
this hydration water is important in that it is likely to affect
thermodynamic stability and interconversion mechanisms
among different protein states.
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